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Proton-pumping rhodopsins (PPRs) are photoactive retinal-binding proteins that transport ions 
across biological membranes in response to light. These proteins are interesting for light-
harvesting applications in bioenergy production, in optogenetics applications in neuroscience, 
and as fluorescent sensors of membrane potential. Little is known, however, about how the 
protein sequence determines the considerable variation in spectral properties of PPRs from 
different biological niches or how to engineer these properties in a given PPR. Here we report a 
comprehensive study of amino acid substitutions in the retinal binding pocket of Gloeobacter 
violacaeus rhodopsin (GR) that tune its spectral properties. Directed evolution generated 70 GR 
variants with absorption maxima shifted by up to +/- 80 nm, extending the protein’s light 
absorption significantly beyond the range of known natural PPRs.  While proton pumping activity 
was disrupted in many of the spectrally shifted variants, we identified single tuning mutations 
that incurrred blue and red shifts of 42 nm and 22 nm, respectively, that did not disrupt proton 
pumping. Blue-shifting mutations were distributed evenly along the retinal molecule while red-
shifting mutations were clustered near the residue K257, which forms a covalent bond with 
retinal through a Schiff base linkage. Thirty-four of the identified tuning mutations are not found 
in known microbial rhodopsins. We discovered a subset of red-shifted GRs that exhibit high 
levels of fluorescence relative to the wild-type protein. 
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Many proteins, including transcription factors [1, 2], enzymes [3-5], and ion 
pumps/channels [6-8] have activities that are directly coupled to light. One functionally diverse 
class of light-activated proteins – opsins – occurs throughout the microbial world, where they 
facilitate phototactic and photophobic responses in algae [9, 10], enhanced survival in response 
to nutrient starvation in bacteria [11], and conversion of solar energy into electrochemical energy 
in diverse microbes [12, 13]. Knowing the molecular determinants for these proteins’ light 
absorption properties will help us to understand their biological functions as well as to engineer 
new versions for applications in bioenergy [13], biomaterials [14], optogenetics [15], and live-cell 
imaging [16]. 
Opsins are integral membrane proteins that bind a retinal chromophore to form a colored 
holoprotein known as rhodopsin. All microbial rhodopsins have similar overall topologies with 
seven transmembrane helices that enclose all-trans retinal [17, 18], which is bound through a 
covalent Schiff base linkage to the ε-amino group of a conserved lysine located at helix seven. 
Despite similar structures, rhodopsins show significant variation in the wavelengths of light they 
absorb, mediated by interactions between retinal and the opsin apoprotein [19].  Naturally 
occurring microbial rhodopsins exhibit a range of spectral properties, with peak absorption 
wavelengths (λmax) between 437 nm and 590 nm [20, 21]. In proteorhodopsins (PR), which have 
been studied extensively, the distribution of green and blue absorbing pigments is stratified 
according to ocean depth, with green-absorbing PRs appearing in microbes living near the 
surface and blue absorbing PRs in deeper water [22]. The visual pigment rhodopsins of cottoid 
fish endemic to Lake Baikal in eastern Siberia show the same trend, with blue shifts occurring in 
deeper dwelling species [23, 24]. Because λmax appears to be tuned to the light available in the 
host’s biological niche, nature’s many evolution experiments may not have tested the physical-













absorption can be extended beyond the λmax of known homologs and determine the protein 
sequence changes that mediate such spectral shifts.  We also want to know how changes that 
alter light absorption properties affect other properties such as fluorescence and the protein’s 
ability to pump protons. 
Spectral tuning has been reported for proteorhodopsin and bacteriorhodopsin (BR) (both 
of which are proton pumping rhodopsins (PPRs)), sensory rhodopsins I and II (SRI and SRII), 
and channelrhodopsins (ChRs), which act as light-activated non-specific cation channels. 
Random mutagenesis and screening of Monterey Bay proteorhodopsin (MBP) revealed 20 
unique color-tuning mutations with 12 red shifts and 8 blue shifts, the majority of which 
attenuated proton pumping [25]. At pH 4, all red-shifted mutants had λmax within 20 nm of WT 
MBP, while a single mutation, G138D, incurred a 55 nm blue shift in λmax from 548 nm to 493 nm 
[25]. Four color-tuning mutations, including G138D, were localized to the putative retinal binding 
pocket, and roughly half of the color-tuning mutations were found on helices three and four [25]. 
In Haloquadratum walsbyi BR (HwBR), altering the size or polarity of four conserved residues 
near retinal resulted in small blue shifts (<20 nm) [26]. Accumulation of three of these mutations 
resulted in a functional HwBR mutant with λmax blue-shifted by ~50 nm [26].   
Substituting residues from rhodopsins with different λmax can also result in significant 
spectral tuning. By replacing single amino acid residues in Salinibacter ruber sensory rhodopsin 
I (SrSRI, λmax = 557 nm) with the corresponding residues from Natronomonas pharaonis 
sensory rhodopsin II (NpSRII, λmax = 498 nm, ~30% amino acid identity to SrSRI), Sudo et al. 
identified three blue tuning mutations, each of which shifted λmax by 14-24 nm [27]. The SrSRI 
variant with all three mutations had a λmax of 525 nm (32 nm blue shift), accounting for more 
than half the spectral shift between SrSRI and NpSRII [27]. In ChRs, recombination of variants 
with different spectral preferences, kinetics, and ion permeability has been used to generate 
mutants with different combinations of these properties [28], including a highly active red-shifted 













 Previous work on spectral tuning of rhodopsins has not included a comprehensive 
investigation of all possible retinal binding pocket mutations. We reasoned that directed 
evolution could be used to identify mutations in this region, and combinations thereof, that alter 
λmax and other spectral properties. We chose to focus on Gloeobacter violacaeus rhodopsin 
(GR), a PPR whose strong expression in Escherichia coli made it amenable to purification in 96-
well plate format for moderate-throughput screening. We targeted 19 residues in the retinal 
binding pocket for saturation mutagenesis and screened the resulting libraries for shifts in the 
light absorption spectra. Recombination of the spectral tuning mutations and further directed 
evolution resulted in GR variants whose λmax shifted by up to +/- 80 nm, the largest spectral 





Approach to GR spectral tuning: The retinal binding pocket forms all of the retinal 
chromophore contacts; we expected that these residues would provide a rich source of spectral 
tuning mutations. To identify amino acid substitutions in the GR retinal binding that led to shifts 
in λmax, we developed a moderate-throughput expression and purification assay (Figure 1). 
Briefly, following GR expression in E. coli, protein was extracted from the cell membrane using 
lysozyme treatment in the presence of the detergent n-dodecyl β-D-maltoside (DDM) and 
subsequently purified in 96-well filter plates pre-loaded with Ni-NTA resin (Figure 1). The 
absorption properties of engineered variants were determined in 96-well format using a 
standard plate reader (Figure 1, see Materials and Methods for details). The limits of spectral 
shifting were further explored by recombination of single mutations identified from saturation 
mutagenesis libraries and additional mutagenesis and screening of the most red- and blue-













Targeted mutagenesis of GR: To identify putative binding pocket residues in GR, a 
homology model was generated (see Materials and Methods) based on the crystal structure of 
its XR homolog (44% protein sequence identity). In the GR model, 20 residues (D121, W122, 
T125, V126, L129, M158, I159, G162, E166, G178, S181, T182, F185, W222, Y225, P226, 
D253, A256, and K257) are within 5 Å of the retinal chromophore (Figure 2). D121, W222, Y225, 
P226, D253, and K257 (which forms the Schiff base) are completely conserved between GR 
and the two best studied PPRs, PR and BR (Table 1, Figure S1). While PPRs show extensive 
sequence diversity (with overall sequence identities as low as ~20%), the binding pocket 
residues show a marked degree of conservation (Table 1, Figure S1). Site-saturation 
mutagenesis was performed at each of the binding pocket positions except K257, which forms 
the critical retinal linkage. Screening 88 clones for each saturation mutagenesis library (94% 
library coverage) identified a total of 52 unique blue- and red-shifted variants (Figures 2, 3; 
Table S1). Mutagenesis at 15 of the 19 binding pocket residues yielded one or more spectral 
tuning mutations (Figures 2, 3). Thirteen of these 15 positions gave rise to variants with 
exclusively blue or red shifts, but not both (the exceptions being D121 and A256, which gave 
both) (Figures 2, 3). 80% of red-shifted variants contained mutations within 4 Å of the Schiff 
base linkage, whereas blue-shifting mutations were distributed along the retinal chromophore 
(Figure S2). Blue-shifting mutations far from the Schiff base (>10 Å) tended to increase local 
hydrophobicity, while blue-shifting mutations closer to the Schiff base tended to decrease local 
hydrophobicity (Figure 4). The majority of mutations that cause a red shift were identified at 
D121 and T125, which had 12 and 6 tuning mutations, respectively. Three residues, G162, 
E166, and A256, each had 4 blue-shifting mutations. Residues G178, W222, and Y225 had a 
single tuning mutation apiece: G178Q (blue shift), W222M (red shift), and Y225A (red shift). 
While the majority of binding pocket residues had two or fewer mutations that only modestly 
affected λmax, a handful of hot spots (D121 and G162) had many tuning mutations that led to 













Proton pumping: To determine the ability of the spectrally-shifted GRs to pump protons, 
we used a modified version of a qualitative, fluorescence-based proton-pumping assay from 
Kamo et al. [30] (detailed in Materials and Methods, Figures S3, S4A-C). Briefly, light-driven 
increases in the proton gradient (via proton pumping by GR) result in efflux of a fluorescent dye 
from the cell (through multidrug transporters), leading to decreased fluorescence (Figure S4C). 
The difference in the change of fluorescence between WT GR and each mutant was used to 
compare their relative pumping capacity. Of the 52 shifted single variants, 32 retained some 
level of proton-pumping activity (Figure 3), though none appeared to be more active than wild 
type (data not shown). The most blue-shifted single mutant, G162L (GRblue 1, GRb1, -42 nm 
shift), retained proton-pumping capacity (Figures 3, 5). The most red-shifted variant to retain 
proton-pumping activity was T125N (GRred 1, GRr1, 22 nm shift) (Figures 3, 5). All tuning 
mutations at D121 and D253 eliminated proton pumping, consistent with studies of BR [31]. 
Furthermore, all tuning mutations at D121’s neighboring residue W122 eliminated proton 
pumping, while all tuning mutations at L129 and E166 reduced pumping by ~50%. Tuning 
mutations near the Schiff base were more likely to disrupt proton pumping than tuning mutations 
far from the Schiff base (Figure 6). While many red- and blue-shifted variants had attenuated 
pumping capacity, there were exceptions: single mutants G162C, G162V, and G162L are each 
blue-shifted >30 nm and maintain their ability to pump protons (Figure 7). 
Recombination and further mutagenesis: To test whether the tuning mutations could 
be combined to generate even larger spectral shifts, two recombination libraries were generated, 
one for blue-shifting mutations (the ‘blue’ library) and one for red-shifting mutations (the ‘red’ 
library).  A fractionated plasmid amplification (Figure S5A) approach allowed us to rapidly 
generate all possible combinations of targeted mutations with high confidence. Mutations that 
resulted in small spectral shifts and/or eliminated proton pumping were not included in these 
libraries. Recombining mutations V126A, M158L, G162C, G162L, G162S, G162V, E166P, 













gave a blue library having 600 possible variants (Figure S5B).  1,760 clones were screened (95% 
coverage). Five mutants were found to be more blue-shifted than GRb1 (G162L). The most 
blue-shifted variant had three mutations, G162L, E166W, and A256S, and exhibited a further 
shift of -22 nm with respect to GRb1.  This variant is called GRb2 (Figures 3, 5, Table S2). 
The red library recombined T125C, T125D, T125G, T125N, T125V, L129K, L129W, 
W222M, P226I, P226V, and A256M with the wild-type codon for each position (216 possible 
variants) (Figure S5B). Screening 880 clones (98% coverage) yielded three variants more red-
shifted than GRr1 (T125N) (Figure 3, Table S2). The T125C/A256M (GRr2) and T125V/A256M 
variants were the most red-shifted: each had a ~16 nm additional shift compared to GRr1 
(Figures 3, 5, Table S2). None of the eight recombined further blue- or red-shifted variants 
showed measurable proton-pumping activity (Figure 3). 
We wished to explore whether even larger shifts in GR λmax were possible. We therefore 
performed site-saturation mutagenesis on GRb2 and GRr2 at all sites within the retinal-binding 
pocket that were not already mutated (excluding K257). For the GRb2 libraries, 1,408 (16 x 88) 
clones were screened for 94% coverage, and for the GRr2 libraries 1,496 (17 x 88) clones were 
screened for 94% coverage. Variants further shifted with respect to the GRb2 and GRr2 parents 
were sequenced. This led to the identification of ten tuning mutations, eight of which had not 
been identified in the first round of site-saturation mutagenesis (Figure 3, Table S3). The 
libraries generated with GRr2 yielded two unique mutations that further red-shifted the protein 
(Figure 3). The most red-shifted variant (GRr3, λmax = 619 nm), with an +81 nm shift relative to 
WT GR, contained the D121E mutation in addition to the T125C and A225M mutations in GRr2 
(Figures 3, 5, Table S3). The spectral shift of GRr3 was greater than predicted by simply adding 
effects from single tuning mutations (Figure S6). The three most blue-shifted variants, with -79 
to -80 nm shifts, had the W122L, W122M or D121E mutations in addition to the parental G162L, 
E166W, and A256S mutations. The W122L/G162L/E166W/A256S variant is referred to as GRb3 













round of site-saturation mutagenesis, 2,640 for the recombination libraries, and 2,904 in the 
second round of site-saturation mutagenesis) for shifted absorption maxima resulted in 70 
unique shifted variants (Figure 3). GRb3 and GRr3 differ by only seven mutations, yet their λmax 
are 161 nm apart.   
Some GR mutants exhibit increased fluorescence: We tested the fluorescence 
properties of all 70 spectrally tuned GRs using a 96-well assay developed for this purpose. The 
full excitation spectrum was computed for each GR variant at multiple emission wavelengths 
(625 – 775 nm in 25 nm increments). The area under the curve (AUC) of the excitation spectra 
(at an emission wavelength of 725 nm) for each variant was used to score its overall 
fluorescence. AUC values were rank-ordered and color-coded according to their absorbance 
shift, revealing six outlier red-shifted variants (Figure 8A). Measuring the full excitation-emission 
spectra of these variants confirmed increased fluorescence over the wild type protein, which 
exhibited no measurable fluorescence under our assay conditions (Figure 8B). The variant 
displaying the greatest in vivo fluorescence was D121E/T125C/A256M (Figure 8B), which also 
had the highest quantum yield in vitro (1.2 x 10-2) of the six bright mutants (Table 2). Increasing 
the external pH from 6 to 11 attenuated fluorescence  ~2-fold (Figure 8C).  
 
Discussion 
We have developed and implemented a moderate-throughput directed evolution strategy 
to shift GR λmax by +/- 80 nm. We found that the GR retinal-binding pocket contains a rich set of 
tuning mutations, many of which are not found in known microbial rhodopsins. Collectively, 70 
unique mutations shifted λmax by at least 5 nm, and 19 single mutations were identified that 
shifted λmax by at least 20 nm. While directed evolution was efficient at identifying GR tuning 
mutations, many of these mutations had deleterious effects on proton pumping. In all tested 
cases, accumulation of tuning mutations for larger spectral shifts eliminated proton pumping.  













at which the photon energy corresponds to the most probable transition between the resting 
state (S0) and the excited state (S1) of the retinal chromophore [32, 33]. To achieve blue 
absorbance shifts (for shorter wavelength, higher energy light), the S0-S1 energy gap must 
increase, whereas red shifts (for longer wavelength, lower energy light) are achieved by 
decreasing the S0-S1 energy gap. The stabilization and destabilization of the S0 and S1 states 
is in turn governed by interactions between retinal and the protein binding pocket. Four factors 
have been reported to affect the S0-S1 energy gap: (i) conjugation of the retinal chromophore 
[26, 34], (ii) polarity of the retinal-binding cavity [35, 36], (iii) chromophore positioning effects 
[37], and (iv) interaction between Schiff base and the Schiff base counterion [38, 39]. In our 
dataset, blue-shifting mutations are correlated with changes in polarity along the retinal 
molecule (Figure 4). We speculate that the majority of red-shifting mutations result from 
disrupting the interaction between the protonated Schiff base and its counterion (thereby also 
crippling pumping capacity).  
GR red shifts: In GR, K257 forms the Schiff base linkage to retinal and D121 serves as 
counterion to the protonated Schiff base. Based on structural studies from BR, light-induced 
retinal isomerization reverses the pKa of K257 and D121, resulting in proton transfer from K257 
to D121, which is essential for proton pumping [40]. The distribution of red-shifting mutations 
was strongly skewed, with a total of 18 tuning mutations at D121 and T125 (Figure 4). While the 
red-shifting mutations T125C, T125D, T125N, T125V, L129K, L129W, W222M, P226I, P226V, 
and A256M did not disrupt proton pumping, accumulation of these mutations for larger red shifts 
eliminated proton pumping. Each of these recombined variants had multiple mutations within 5 
Å of K257, increasing the likelihood that they would disrupt the Schiff base counterion. Thus, 
while large red shifts in GR’s λmax were achieved, it may not be possible to engineer strongly 
red-shifted GR variants that also retain proton-pumping activity by mutagenesis at the retinal-
binding pocket sites we tested. Tuning mutations outside the binding pocket can be identified by 













have less deleterious effects on proton pumping. Since natural rhodopsins appear to be tuned 
to use light in their local environments [22-24], and thermal radiation in deep-sea vents peaks in 
the infrared [41], we speculate that the microbiota of these deep-sea environments may contain 
functional PPRs with red-shifted λmax. 
Residues D121, W222, Y225, P226, and D253 are completely conserved in the GR, BR 
and PR retinal binding pockets, but can be mutated to alter spectral properties (Figure 3, Table 
1). All but one tuning mutation – D121E – at these residues result in red shifts (Figure 3); 
however, the absence of these tuning mutations in the natural variants is suggestive of 
functional constraints at these residues (Table 1). In BR, residues D85 and D212 (corresponding 
to D121 and D253 in GR) are absolutely essential for pumping [31]. That all tuning mutations at 
these positions eliminate pumping indicates that these residues have equivalent roles in GR 
proton pumping. It has been suggested that BR(Y185) and BR(P186) (corresponding to Y225 
and P226 in GR) act as a hinge for moving helix 6 away from the main body of the protein 
during the  M  N transition in the BR photocycle [42]. BR(Y185) is also hydrogen-bonded to 
BR(D212)[43]. We find that the GR(Y225A) tuning mutation eliminates pumping, while tuning 
mutations GR(P226I) and GR(P226V) do not. Disruption of the hydrogen-bonding network 
required for proton pumping by GR(Y225A), but not by GR(P226I) and GR(P226V), could 
explain why Y225A interferes with proton pumping. The final red-shifting mutation in our study 
that eliminated proton pumping was GR(T125L), which is also conserved in BR (PR shows 
variation at this position). GR(T125) corresponds to BR(T89). BR(T89) and BR(D85) form 
hydrogen bonds between their carboxylate groups [44] as part of the BR hydrogen-bonding 
network. Thus, similar to Y225A, disruption of this hydrogen-bonding network in GR could 
explain why T125L disrupts proton pumping.  
GR blue shifts: Blue-shifting mutations increase the photon energy required for retinal 
to transition between its resting (S0) and its excited (S1) states [32, 33]. Quantum 













retinal binding pocket can increase the S0-S1 energy gap; more specifically, increasing polarity 
near the Schiff base or reducing polarity in the region surrounding the β-ionine ring should lead 
to blue shifts [36]. Our collection of blue tuning mutations provides empirical evidence for this 
theoretical prediction: blue-shifting mutations that decreased hydrophobicity were clustered near 
the Schiff base, while those that increased hydrophobicity were near the β-ionine ring (Figure 4). 
Unlike red-shifting mutations, mutations that caused blue shifts of λmax did not, in general, 
disrupt GR proton pumping and were evenly distributed along the retinal molecule (Figures 3, 
S2). With a λmax at 496 nm, G162L was the most blue-shifted GR variant that retained significant 
proton-pumping activity (Figure 3). Besides D121E, a mutation of the Schiff base counterion, the 
only other blue-shifting mutations to eliminate proton pumping were at W122 (located directly 
next to the counterion). Two of the three tuning mutations at W122, W122A and W122G, 
resulted from replacing a large amino acid side chain with small ones, indicating that these 
mutations may incur structural changes that disrupt the ability of K257 to protonate D121, 
thereby eliminating pumping. In general, changes in residue molecular weight do not correlate 
with changes in λmax in GR  (Figure S7). The third tuning mutation, W122R, is similar in size to 
the parent residue, but it is much more hydrophilic, and almost always carries a positive charge 
in proteins at physiological pH. We therefore speculate that by changing the local charge 
distribution, W122R prevents the proton transfer from the Schiff base to D121, which in turn 
inhibits proton pumping. In all tested cases, accumulation of blue-shifting mutations for larger 
blue shifts eliminated proton pumping (Figure 3).  
Natural variation in opsins: We investigated whether any of the mutations that shift GR 
λmax are present in naturally occurring GR homologs. We used GR to search the NCBI 
nucleotide and environmental sample database for natural variants (as described in Materials 
and Methods, Table S4), GR-like natural variants were defined as proteins with >40% amino 
acid identity to GR. Of the 52 unique spectral tuning mutations uncovered after the first round of 













like natural variant (Table 1). That tuning mutations are not found in GR-like natural variants 
suggests that either (1) GRs have not evolved for light absorption at different wavelengths or (2) 
GRs may have evolved alternative ways to harvest different colors of light (discussed below).  
We also used BR (21% amino acid identity to GR) and PR (22% amino acid identity to 
GR) to search for natural variants that are more distant relatives of GR. Collectively, 31 BR-like 
and 35 PR-like natural variant sequences were found (i.e., sequences with >40% amino acid 
identity to PR or BR). This set of 66 BR/PR-like natural variants contained five of the GR 
spectral tuning mutations: V126T, M158A, M158L, G162V and A256S, all five of which caused 
blue shifts in GR. GR variants with these tuning mutations retained proton-pumping capacity 
(Figure 3). Thus, tuning mutations that do not disrupt proton-pumping capacity in a PPR may 
also not disrupt proton pumping in distantly related PPRs due to the marked degree of 
conservation of the retinal binding pocket, which is supported by results from several rhodopsin 
engineering studies [27-29].  
While known rhodopsins have a wide range of λmax from 437 nm – 590 nm, the variants 
at both extremes are non-PPRs (Table S5): the range of λmax of reported PPRs is 490 nm – 568 
nm (Table S5).  The most blue-shifted functional GR variant (G162L) was within this range with 
λmax = 496 nm, making it more blue-shifted than all reported PPRs except blue proteorhodopsin 
(BPR), originally isolated from the deep ocean [22]. The most red-shifted GR variant (T125N), 
with λmax = 560 nm, is well within the range of known PPRs. Collectively, we identified twelve 
blue-shifted GR variants and four red-shifted with λmax beyond the range of known PPRs, none 
of which retained proton capacity (Figure 3). The most blue- and red-shifted GR mutants had 
λmax of 458 nm and 619 nm, respectively. Since extending GR λmax beyond the known natural 
range of functional PPRs eliminates its proton pumping ability, it is possible that there is a 
physical limit to the light a rhodopsin can harness through retinal alone and still retain proton 
pumping, the mechanistic basis of which is currently unclear. Of course, our experiments have 













possibly compensatory effects on proton pumping of mutations outside this region. 
Salinixanthin, a carotenoid antenna: It has been reported that GR and its close 
homolog XR bind both retinal and a carotenoid antenna called salinixanthan, which enables the 
absorption and conversion of blue light into proton pumping activity [45, 46]. The XR crystal 
structure implicated a particular glycine residue (G162 in XR) as important for salinixanthan 
binding. Since tryptophan at the homologous position in BR would physically block salinixanthan 
binding, it was suggested that G162 may be useful as a diagnostic for salinixanthan binding in 
PPRs [47]. By introducing tryptophan into the homologous GR position (G178), salinixanthan 
binding was indeed eliminated [45].  
Thirty of the 32 GR-like homologs (i.e., sequences with >40% amino acid identity to GR) 
contained G178, indicating they could be salinixanthan binders. Two of the 32 natural GR 
variants have large hydrophobic residues at G178 (G178F in Isosphaera pallida [gi: 319748837] 
and G178W from a metagenome library [gi: 129721342]), suggesting the existence of natural 
GR-like variants unable to bind salinixanthan.  
We found only one of the GR spectral tuning mutations (S181A) in natural GR-like 
variants. This may partially be due to GR’s ability to harvest blue light through salinixanthin, 
which would have removed selection pressure for finding blue-shifting mutations. In contrast, 
five GR spectral tuning mutations (all blue-shifts) were found in BR- and/or PR-like natural 
variants (Table 1). The enrichment for blue-shifting mutations in BR- and PR-like natural variants 
may be due to their use of tuning mutations to absorb blue-shifted light through the retinal 
chromophore without an additional carotenoid antenna. 
Comparison to previously engineered opsins: To investigate whether the spectral-
shifting mutations reported here had been described previously, we surveyed the literature on 
rhodopsin spectral shifts resulting from mutations introduced into the retinal binding pockets of 
the GR homologs BR and PR (Table 1). Sixteen of the 52 GR mutations reported here have 













same type of spectral shift in GR as in PR or BR, whereas four generated the opposite shifts, 
indicating that interactions between retinal and the opsin apoprotein that determine λmax will not 
always be conserved due to structural differences between these proteins. A whole-protein 
random mutagenesis screen for changes in PR spectral properties by Kim et al. isolated two 
blue-tuning mutations, PR(W98G) and PR(V102A), that we also identified as blue-tuning 
mutations in GR (Table 1) [25]. Overall, our GR dataset contains 34 tuning mutations that are 
completely new to proton-pumping rhodopsins. 
 Fluorescent GRs: Archaerhopsin-3 (Arch), a BR-like homolog from Halorubrum 
sodomense (Figure S1), and PR have been reported to exhibit dim fluorescence that responds 
to changes in membrane voltage when expressed heterologously in mammalian neurons (Arch) 
and E. coli (PR) [16, 48]. The absence of proton pumping is desirable for rhodopsin-based 
biological sensors that monitor membrane potential without perturbing it in response to light [16, 
48].  We thus tested the ability of all 70 engineered GRs to fluoresce across a range of 
excitations. Collectively, we identified six GR variants that fluoresced more strongly than wild 
type and the other variants (Figures 8A/8B). None of these fluorescent membrane proteins had 
proton-pumping activity. All of the strongly fluorescent GR proteins were mutated around the 
retinal Schiff-base and had a red-shifted λmax compared to WT GR (Figure 3, Figure 8A). The 
most brightly fluorescing mutant was D121E/T125C/A256M (8B, Table 2), which was also the 
most red-shifted GR protein engineered in this study (Figure 3, λmax = 619). However, there is 
not a one-to-one correspondence between the magnitude of red spectral shifts and overall 
levels of fluorescence.   
Studies in bovine rhodopsin have shown that the retinal excited state, which is formed by 
the absorption of a photon by the retinal ground state, efficiently isomerizes if there is no energy 
barrier on the path between these two states [49, 50]. Artificially imposing such an energy 
barrier by restraining the photo-isomerization of retinal extends the excited state lifetime [51]. 













barrier on the retinal excited state, thus extending its lifetime. This, in turn, decreases the 
probability of entering the photocycle (thus inhibiting pumping) while the absorbed energy is 
emitted as fluorescence. The identification of mutations that significantly improve GR 
fluorescence provides a first step towards the development of brighter opsin-based biological 
sensors. 
 
Materials and Methods 
 
Plasmids and bacterial strains 
The gene coding for GR was obtained on the GR_pkj900 plasmid from Janos Lanayi. GR was 
amplified by PCR using primers that excluded the stop codon (Table S6, primers 1-2). The PCR 
product was cloned by one-step isothermal assembly [73] into an NdeI and NotI digested 
pET21a expression plasmid (EMD Millipore, Darmstadt, Germany), adding a flexible five amino-
acid-long C-terminal linker and a His6-tag. This generated the pETME10 (GR) expression 
plasmid. To construct a translational fusion of GR with a C-terminus CFP the pETME10 plasmid 
was linearized with XhoI and subsequently purified using agarose gel. CFP was amplified by 
PCR using primers with an overhang to the linearized plasmid (Table S6, primers 75-76). DNA 
fragments were then assembled using one-step isothermal DNA-assembly. All constructs were 
verified by sequencing (Laragen, Culver City, CA, USA) using T7-specific primers (Table S6, 
primers 77-78). Sequences for the finished His-tagged GR protein and GR-CFP fusion construct 
can be found in the supplement. All cloning was done in the Escherichia coli strain DH5α. The E. 
coli strain BL-21 (DE 3) was used for expression in all experiments. 
 
Homology models of GR  
A GR homology model was produced based on the xanthorhodopsin (XR) crystal structure 
(PDB ID: #3DDL, 44% protein sequence identity) obtained from The Protein Data Bank (PDB, 
http://www.rcsb.org/pdb/). This model was used to identify amino acids lining the GR retinal 
binding pocket (those within 5 Å of bound retinal). These comprise D121, W122, T125, V126, 
L129, M158, I159, G162, E166, G178, S181, T182, F185, W222, Y225, P226, D253, A256 and 
K257. The homology model was generated using the SWISS-MODEL workspace 
(http://swissmodel.expasy.org/workspace/) [74, 75].  
 













Site-saturation mutagenesis libraries were constructed by amplification of pETME10 (and 
subsequent derivatives) using mutagenic primers in a modified QuickChange protocol 
(Stratagene, La Jolla, CA). Each primer pair had a 20 base 5’-end complementary sequence – 
to enable recirculation of the amplified, linear DNA – and a 3’ non-overlapping sequence 
designed to have a melting temperature (Tm) of approximately 55°C. This 3’ sequence allows for 
primer binding to the PCR product and allows for exponential amplification of mutated DNA, in 
contrast with the classical QuickChange protocol. For GR site-saturation libraries, the forward 
primer additionally carried the degenerate base triplet NNK in between the 5’ and 3’ sequences 
(Table S6, primers 3-40). For the second round of site-saturation mutagenesis on GR the same 
primers were used except in a few cases where the primers overlapped with mutated sites and 
special primer pairs had to be made (Table S6, primers 65-72 for red-shifted variant and primers 
73-74 for the blue-shifted variant). The mutagenic plasmid amplifications were performed using 
the Phusion High Fidelity PCR Kit (cat. no. E0553S, New England Biolabs, Ipswich, MA) 
according to the manufacturer’s instructions, but with reduced annealing temperature (53°C-
54°C). Following PCR, the reaction mixtures were incubated with 0.5-1 µL DpnI (cat. no. 
R0176S, New England Biolabs, Ipswich, MA) for 1h at 37°C to degrade template DNA. PCR 
products were then purified over agarose gel electrophoresis and gel extracted by using the 
QIAquick® gel extraction kit (cat. no. 28704, QIAGEN, Venlo, Netherlands). 5 µL of purified 
PCR products were used for the one-step isothermal DNA-assembly reaction developed by 
Gibson et al. [73] in order to recircularize the amplified vector. ~1 µL of the reaction mixtures 
were used to transform electrocompetent BL21 (DE3) by electroporation, which were 
subsequently plated on selective media. The individual libraries were cloned into E. coli and 
screened to 94% coverage (88 clones at each site) using a high-throughput assay designed to 
determine the λmax of each rhodopsin variant (see below). Percent coverage was estimated 
according to Pi = 100(1-exp(-T x Fi)), where Pi is the probability that a particular sequence i is 
found in the library, T is the number of clones to screen, and Fi is the frequency with which 
sequence i occurs in the library [76]. In the case of an NNK library, Fi = ½ x ½ x ¼ = 1/32, which 
requires T = 88 clones to screen to Pi = 94% coverage. For each site-saturation library, ~10 
clones were sequenced to confirm the library quality. For example, in the D121 NNK  library, we 
identified three of G, two instances of S, and one instance each of E, L, P, T and V at D121. The 
annealing temperature of PCR reactions was reduced at least 5 degrees below the wild type 
primer Tm – calculated while excluding the three bases targeted by NNK – in part to account for 














Generation of recombination libraries 
The red recombination library was designed by combining all red shifting mutations that did not 
destroy the proton pumping ability. This yielded a library of 216 variants (obtained by multiplying 
the possible codons at each mutagenized site, Figure S5B). If the same criteria were used to 
make the blue shifted recombination library it would result in a library of over 9000 variants. This 
number was too large to screen, and the blue shifted recombination library was therefore 
reduced by setting a threshold for clones with an absorption maximum below 528 nm for sites 
with more than one mutation. This reduced the library size from 9000 to 600 variants (Figure 
S5B). Recombination libraries were constructed by amplifying the gene in fragments such that 
all mutation sites were either covered by mutagenic primers or included by mixing mutated 
backbones as templates in PCR. The relative binding site of primers used to generate each 
fragment are shown in Figure S5A). Primers are listed in Table S6. For each site where multiple 
primers are listed, these were mixed at ratios resulting in even generation of all desired codons. 
For the red library, primers 43-48 and 49-52 were used to mutate T125, L129, W222 and P226 
in one PCR product.  Primers 53 and 54 were used to amplify the plasmid backbone from a mix 
of plasmids containing the wild-type codon at A256 and the codon for A256M. For the blue 
library, primers 62 and 63-64 were used to generate a PCR product where sites S181 and A256 
were mutated. Primers 55 and 56-61 were used to amplify the plasmid backbone while at the 
same time mutating sites M158, G162 and E166 from a mix of plasmid containing the wild-type 
codon at V126 and the codon for V126A. The PCR fragments were ligated using one-step 
isothermal assembly and transformed into E. coli.  
 
Expression of libraries 
Single E. coli BL21 (DE3) colonies transformed with library plasmids or control plasmid (parent) 
were picked to inoculate 200 µL LB media containing 100 µg/mL of ampicillin (Amp) in 96-deep-
well plates with 2 mL well volume (Greiner Bio-One, Kremsmünster, Austria). The plates were 
covered with a microporous membrane (Easy App™, cat. no. 2978-5827, USA Scientific, Ocala, 
FL) and incubated in a rotary shaker at 225 rpm, 37°C and 80% humidity. The overnight cultures 
were diluted 1:20 in LB-Amp media to a final volume of 1 mL in 96-deep-well plates and further 
incubated 225 rpm, 30°C and 80% humidity for 2 hours. Expression was induced through the 
addition of 5 µL of 100 mM IPTG and 2 mM retinal in 95% EtOH/5% H2O to a final concentration 
of 0.5 mM IPTG and 10 µM retinal. Protein expression proceeded for 4 h at 225 rpm, 30°C and 
80% humidity in the dark. The E. coli cells were then collected by centrifugation at 4500 RCF for 














Method for screening GR spectral tuning libraries 
To measure the absorption spectrum the GR protein first has to be extracted from the E. coli 
membrane. Following library expression (see above), cell pellets were resuspended in 100 µL 
extraction buffer (20 mM Tris-HCl, 200 mM NaCl, 0.15% (w/v) n-dodecyl β-D-maltoside, pH 7.5) 
and frozen at -20°C overnight in order to improve cell lysis. The pellets were thawed at room 
temperature. 100 µL extraction buffer containing 1.4 mg/mL lysozyme and a small amount of 
DNaseI was added to the wells. Extraction was allowed to proceed at room temperature for 30 
min in the dark. Cell debris was subsequently pelleted by centrifugation at 4500 RCF for 10 
minutes. Rhodopsins were purified from the supernatant using Ni-NTA affinity chromatography 
in a 96-well plate format. For this purpose, each well of a 96-well filter plate (Acroprep™, 1 mL, 
1.0 µm glass fiber, Pall Corp., Port Washington, NY) was filled with 125 µL Ni-NTA agarose 
beads (cat. no. 30230, QIAGEN). The rhodopsin-containing supernatant was transferred to the 
wells and incubated for 5 min at room temperature followed by a single washing step with 400 
µL wash buffer (20 mM Tris-HCl, 200 mM NaCl, 0.15% (w/v) n-dodecyl β-D-maltoside, 80 mM 
imidazole, pH 7.5, incubation 1 min) and one elution step (200 µL elution buffer (20 mM Tris-HCl, 
200 mM NaCl, 0.15% (w/v) n-dodecyl β-D-maltoside, 400 mM imidazole, pH 7.5, incubation time 
5 min). After each incubation step, liquids were forced through the filters by centrifugation 
(200 RCF, 2 min). Absorption spectra of the purified rhodopsins were recorded in a 96-well 
microtiter plate from 420 nm to 680 nm in 3 nm steps with 5 flashes per measurement (infinite 
M200, Tecan).  
 
Analysis of spectral tuning data 
Data from the spectral tuning libraries were analyzed and processed using Excel (Microsoft) as 
well as custom software in python (www.python.org). A nine data-point smoothing function was 
applied to all measured spectra to decrease the effect of noise in the measurements. The λmax of 
each clone was then computed and those clones with a λmax that was more than 5 nm shifted 
away from the parent protein and had an absorption level that was significantly above 
background were re-screened in quadruplicate and subsequently sequenced. 
 
Fluorescence screening 
Following library expression (see above), cell pellets were re-suspended in 700 µL of 200 mM 
NaCl. Transparent 96-well, flat-bottom plates were pre-aliquoted with 20 µL of 500 mM 













to the buffer-containing wells, for a final concentration of 180 mM NaCl and 50 mM potassium 
phosphate buffer. Flu orescence measurements were performed using a Tecan plate reader, 
with the instrument mode was set to ‘Fluorescence Top Reading’ with multiple reads per well 
(2x2 square). Other instrument parameters included manually setting the gain (100), number of 
flashes (25), and integration time (20 µs). In Figure 8C, GR(D121E/T125C/A256M) is fused to 
CFP and the Normalized Flourescence is defined as A*(Opsin Fluorescence/CFP Fluorescence) 
where A is an arbitrary scalar. 
 
Quantum yield determination 
GR variants were expressed in 500 mL E. coli cultures. Detergent solubilized lysates were 
loaded onto 1 mL His-tag purification columns and purified using an ÄKTAxpress (GE 
Healthcare, Little Chalfont, UK) chromatography system into buffer containing 20 mM Tris, 200 
mM NaCl, and 0.15% DDM at pH 7.5. Purified proteins were buffer exchanged into 10 mM Tris, 
200 mM NaCl, and 0.15% DDM at pH 6.5. ~0.5 mg of Alexa Fluor 680 carboxylic acid, 
succinimidyl ester (part # A-20008, Life Technologies, Carlsbad, CA) was diluted into phosphate 
buffered saline (PBS, pH 7.4). Protein and dye samples were diluted to an A600 of 0.04. 
Emission spectra were measured between wavelengths of 615 nm and 850 nm using a Tecan 
plate reader following excitation at a wavelength of 600 nm. The quantum yields of GR variants 
(QYGR) were calculated according to the formula QYGR = QYAlexa(nGR/nAlexa)
2(AAlexa/AGR)(IGR/IAlexa). 
The quantum yield of Alexa Fluor 680 (QYAlexa) is 0.36. Since PBS and protein buffer both have 
refractive indices of ~1.33, (nGR/nAlexa)
2 ~ 1. Since the absorbance of the protein and dye 
samples at a wavelength of 600 nm was 0.04, AAlexa/AGR = 1. Therefore, QYGR = 0.36(IGR/IAlexa), 
where IGR and IAlexa are the integrate emission spectra of the protein and dye, respectively. 
Emission spectra were fit separately to 3rd, 4th, and 5th order Gaussian curves in MATLAB (The 
Mathworks, Inc., Natick, MA), and then integrated and averaged to estimate IGR and IAlexa. For 
each variant, we measured the emission spectrum independently three times.   
 
Proton pumping assay 
Proton-pumping ability of engineered GRs was measured in a protocol adapted and modified 
from Kamo et al. [30]. The assay relies on the DNA-intercalating 
dye  2′‐ (4‐ethoxyphenyl)‐5‐ (4‐methyl‐1‐piperazinyl)‐2,5′‐bi‐1H‐benzimidazole (H33342) as a 
fluorescent reporter. The dye fluoresces strongly when inside the cell and less strongly in the 













stored in the cellular proton gradient to export H33342 from the cell and thereby cause a 
decrease in fluorescence (Figure S3). Conceptually, the assay involves starving rhodopsin-
containing E. coli cells to remove the intrinsic proton gradient and then re-establishing it through 
light-activated proton-pumping by rhodopsins. To perform the proton-pumping assay, rhodopsin 
variants were expressed as described above. After 2.5 h expression, 200 µL of each culture 
were transferred to a clean 96 deep-well plate. Cells were washed with 300 µL phosphate buffer 
(1 mM KH2PO4, 50 mM KCl, pH 7.5) and centrifuged at 5000 rcf for 5 min. Following this wash 
step, cells were re-suspended in 300 µL phosphate buffer and 1 mM H33342. Plates were 
incubated with shaking in the dark at 30°C for at least 2.5 h to starve the cells and remove the 
intrinsic proton-pumping gradient. 200 µL of cells were transferred to a microtiter plate. 
Fluorescence was measured from the top of the wells with 5 flashes per measurement and 20 
µs integration time in a Tecan plate reader. The plate reader temperature was fixed at 30ºC. 
Emission was measured at 460 nm with excitation at 346 nm until fluorescence reached a 
steady state, at which point the plate was removed from the Tecan. Light was then applied to 
the samples for 25 min from a 250 W halogen bulb at a distance of 20 cm with an IR/UV-cut-off 
filter (Hot-Mirror HMC-1033, UQG Optics) and a 1.5 cm water layer in between to remove UV 
and IR light (Figures S4A, S4B). The light intensity reaching the microtiter plate was about 3400 
μmol m‐2s‐1. Decreased fluorescence, which is a measure of active proton pumping, was then 
measured in the Tecan plate reader. For positive controls, 4 µL of 2 M glucose was used to 
cause light-independent export of H33342. For negative controls the non-pumping GR(D121N) 
mutant was used (Figure S4C). The fluorescence values for each well were normalized to the 
steady-state fluorescence reached prior to illumination, and the ability of mutants to pump 
protons was estimated as the difference in fluorescence intensity before and after illumination. 
The measured decrease in fluorescence for wild type GR was 0.27 ± 0.05 while the average 
decrease for the negative control (D121N) was 0.05±0.02. The assay positive controls (the 
addition 2 M glucose in the absence of light) had average decreases of 0.37±0.02. Protein 
expression was confirmed by the formation of pigment in each well, but not explicitly quantified. 
The assay was performed independently three times for each GR variant. 
 
Analysis of natural sequence diversity in retinal binding pocket 
We investigated whether any of the mutations that shift λmax of GR are present in other known 
naturally occurring proton-pumping opsins. Bacteriorhodopsins and proteorhodopsins have very 













to find which amino acid positions in BR and PR correspond to the 20 amino acids in the retinal 
binding pocket of GR. A structure-guided alignment of the GR, BR and PR retinal binding 
pockets was made by aligning the GR homology model with a BR crystal structure (1C3W) and 
PR NMR structure (2L6X) in PyMOL and manually identifying the amino acids corresponding to 
GR positions D121, W122, T125, V126, L129, M158, I159, G162, E166, G178, S181, T182, 
F185, W222, Y225, P226, D253, A256, and K257 (Figure S1). We then used the GR (UniProt ID: 
Q7NP59), BR (UniProt ID: P02945) and PR (UniProt ID: Q9F7P4) protein sequences to search 
for similar sequences in the NCBI nucleotide and environmental sample databases using the 
basic local alignment search tool (BLAST). This resulted in a set of 32 sequences for GR, 31 
sequences for BR and 35 sequences for PR. From this set of sequences the natural variation at 
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Figure 1: Schematic of screen for GR spectral tuning.  Briefly, mutant GR libraries were 
transformed into E. coli followed by growth on selective solid media. Single E. coli colonies were 
picked with toothpicks, and grown in 96-well plates. Following induction, His-tagged mutant GRs 
were purified using Ni-NTA resin. Absorbance spectra of mutant GRs were measured with a 
standard plate reader, from which the absorption maxima were determined. 
 
Figure 2: Retinal binding pocket in GR homology model. Side chains of amino acids within 5 Å 
of retinal are shown. Glycines are displayed with hydrogen atoms visible. Residues for which 
only blue shifts were detected are colored blue (W122, V126, M158, G162, E166, G178, S181), 
residues with only red shifts are colored red (T125, L129, W222, Y225, P226, D253), and 
residues that yield both blue and red shifts are colored yellow (D121, A256). Black indicates 
positions for which no shifts were identified (I159, T182, F185, Y229) and the conserved Schiff 
base residue (K257), which was not targeted for mutagenesis. The retinal molecule is shown in 
orange. Helix 6 is omitted for clarity. 
 
Figure 3: Spectrally-shifted variants identified by site-saturation mutagenesis and 
recombination. The absorption maxima (λmax) represent averages, with standard error, of three 
biological replicas that were grown and extracted separately. Shifts are reported with respect to  
λmax of WT GR (538 nm).  H
+-pumping activities were determined using a dye-efflux assay (see 
Methods): (-) no detectable activity, (+) activity that is less than 50% of WT, (++) activity that is 
more than 50% of WT.  Dashed lines separate mutants resulting from different rounds of 
directed evolution. From the top, these are: 1) site-saturation mutagenesis of WT GR, 2) 
recombination libraries, and 3) second round of site-saturation mutagenesis, performed on 
G162L/E166W/A256S and T125C/A256M. New mutations are shown in bold and parent 
mutations in plain text. (insert) Purified variants of GR, including the wild type protein (GR WT), 
3 GR variants with red-shifted λmax (GRr1, GRr2, and GRr3), and 3 GR variants with red-shifted 
λmax (GRb1, GRb2, and GRb3). GRr1 = T125N, GRr2 = T125C/A256M, GRr3 =  
D121E/T125C/A225M, GRb1 = G162L, GRb2 = G162L/E166W/A256S, and GRb3 = 
W122L/G162L/E166W/A256S. 
 
Figure 4: Relationship between hydrophobicity and residue distance from the Schiff base (K257) 
for blue- and red-shifting mutations. Amino acid substitutions that are more hydrophobic than 
the parental residues result in ∆Hydrophobicity > 0, while those that are less hydrophobic than 
the parental residues have ∆Hydrophobicity < 0. For blue tuning mutations, the pearson 
correlation between ∆Hydrophobicity and distance from K257 is 0.55 (p-value  = 0.0045), while 
for red tuning mutations, there is no correlation. Amino acid hydrophobicity scores were 
obtained from Black and Mould [72]. 
 
Figure 5: Normalized absorption spectra of WT GR and key variants from each round of 
directed evolution. Absorption spectra are colored to match the colors of the rhodopsin 
pigments.   
 
Figure 6: Pairwise comparison of proton pumping and distance of mutation away from K257. 
GR single mutants are binned based on their proton-pumping activity. Box-and-whisker plot 
shows the relationship between activity and the distance of mutated residue from K257. Black 
lines inside the boxes indicate the second quartile (the median value), box left and right bound 
indicate the first and third quartile, and the whiskers indicate the lowest and highest values. The 
raw data are overlaid as individual points and colored according to their spectral shifts. The total 














Figure 7: Box-and-whisker plot of spectral shifts of variants indicating their proton-pumping 
activities according to: (-) no detectable activity, (+) activity less than 50% of WT, and (++) 
activity that is more than 50% of wild-type. For blue shifts there are 10 (++), 11 (+), and 4 (-) 
data points, while for red shifts there are 5 (++), 6 (+), and 16 (-) data points. Black lines inside 
the boxes indicate the median value, box left and right bound indicate the first and third quartile, 
and the whiskers indicate the lowest and highest values (except outliers, which are shown 
individually as circles).   
 
Figure 8: Fluorescent properties of GR variants measured in live E. coli. (A) The area under 
curve (AUC) was computed from the excitation spectra of 70 unique GR, ranked-ordered, and 
color-coded according to spectral shift (technical replicates of GR(D121N), a red-shifted variant, 
are shown in green). (B) Spline-fit excitation/emission spectra (performed in biological 
quadruplicate) of 6 outliers from (A) and WT GR. The mutations are written in shorthand without 
the residue numbers: GR(DETCAM) = GR(D121E/T125C/A256M), GR(TCFTAM) = 
GR(T125C/F185T/A256M), GR(TCAM) = GR(T125C/A256M), GR(TVAM) = GR(T125V/A256M), 
GR(TCWMAM) = GR(T125C/W222M/A256M), GR(DA) = GR(D121A). (C) Fluorescence of 
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A[26] - C[63] - C[60] A[26] 
C[57] 
V[57] A[63] F[56] F[64] A[65] 
L[66] 
V[60] 
F[67] E[68] N[26] 
T[26] 
- 
                     
PR Position
a




































W Y P Y D N K 
Mutationsc N[69] G[25] A[25] A[25] K[70] - - - - - - - - - H[25] 
N[25] 
- - E[71] - - 
 
a
 Homologous residues in the retinal-binding pocket were identified through structure-guided alignment of 
protein sequences. 
b
 Natural variation represents variants retrieved from BLAST searches of the NCBI 
database with GR, BR and PR. 
c
 Mutations conferring spectral tuning in each of the three proteins, and 
close homologs. The coloring of the mutations indicates whether they are blue- or red-shifted. For GR the 
52 single mutations were discovered in the first round of site-saturation mutagenesis. For BR and PR 
mutations were identified through a literature search. GR mutations that correspond to mutations 














Table 2. Quantum yields of bright GR variants identified in this study. 
 
 
Mutant Quantum Yield 
D121A 5 x 10-3 
T125C/W222M/A256M 8 x 10-3 
T125C/A256M 9 x 10-3 
T125V/A256M 9 x 10-3 
T125C/F185T/A256M 9 x 10-3 




















 Performed mutagenesis of the retinal-binding pocket of a proton-pumping rhodopsin. 
 Shifts in absorption maxima of up to +/- 80 nm were achieved. 
 A subset of mutants exhibited strong fluorescence in the far-red/infrared. 
 A first step towards brighter opsin-based biological sensors. 
 
 
